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Soil bacteria regulate wetland biogeochemical processes, yet little
is known about controls over their distribution and abundance.
Bacteria in North Carolina swamps and bogs differ greatly from
Florida Everglades fens, where communities studied were unex-
pectedly similar along a nutrient enrichment gradient. Bacterial
composition and diversity corresponded strongly with soil pH, land
use, and restoration status, but less to nutrient concentrations, and
not with wetland type or soil carbon. Surprisingly, wetland resto-
ration decreased bacterial diversity, a response opposite to that in
terrestrial ecosystems. Community level patterns were underlain
by responses of a few taxa, especially the Acidobacteria and
Proteobacteria, suggesting promise for bacterial indicators of res-
toration and trophic status.
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Soil bacterial communities play a critical role in regulating the
cycling, retention, and release of major nutrients and soil

carbon in freshwater wetlands, with demonstrably large effects
on water quality (1) and global carbon cycling (2). However, little
is known about the taxonomic composition of uncultured soil
bacteria in freshwater wetlands relative to other ecosystems,
despite the disproportionate influence of wetlands in controlling
biogeochemical cycling at landscape scales (3). With a single
exception in a Sphagnum bog (4), existing knowledge of bacterial
communities in freshwater wetlands has been obtained using
DNA fingerprinting (5, 6), group specific probes (7–9), or
culture-based methods (8), which either have not identified
bacterial taxonomic groups or do not adequately represent the
vast diversity of uncultured soil bacteria (10). Furthermore, the
environmental and anthropogenic factors controlling the distri-
bution and abundance of bacterial groups in freshwater wetland
soils are unknown.

To predict the effects of ecosystem change on wetland func-
tions, improved understanding of the ecological responses of
uncultured bacterial communities to ecosystem alteration is
needed to compliment existing knowledge of bacterial functional
groups controlling specific biogeochemical processes. The im-
portance of understanding controls over wetland bacterial com-
munities is underscored by the unique nature of wetlands as
transitional ecosystems, the role wetland bacteria play in regu-
lating biogeochemical f luxes across different ecosystem types,
and increasing efforts to restore the functionality of degraded
wetlands subjected to land-use change (11). In our unique study,
we demonstrate the spectrum of uncultured bacterial commu-
nities across a range of freshwater wetland types and quantify the
influence of soil chemistry, land use, restoration, and soil
nutrient concentrations on bacterial assemblages.

Freshwater wetlands are transitional gradients between ter-
restrial and aquatic ecosystems, and thus may have environmen-
tal and anthropogenic controls over bacterial community struc-
ture similar to those of their neighboring ecosystems. Land use
(12, 13) and soil chemistry (12, 14) have been shown to control
microbial communities in several terrestrial systems. Ecosystem
restoration has also been shown to alter microbial communities
in terrestrial (15, 16) and wetland systems (5), although the

specific phylogenetic groups of microbes affected by restoration
have not yet been determined in either of these systems. Eu-
trophication and productivity gradients appear to be the primary
determinants of microbial community composition in freshwater
aquatic ecosystems (17, 18). To capture the range of likely
controls over uncultured bacterial communities across freshwa-
ter wetland types, we chose sites representing a range of soil
chemistry and land uses, including reference wetlands, agricul-
tural and restored wetlands, and sites along a nutrient enrich-
ment gradient.

The sites we selected represented a range of land uses
encompassing natural, disturbed, and restored conditions across
several freshwater wetland types, including pocosins (evergreen
shrub bogs), riverine and nonriverine swamp forests, and cal-
careous fens. We determined the relative abundance of major
phylogenetic groups of bacteria present (Fig. 1) and basic soil
chemistry (Table S1) at nine sites in the North Carolina (NC)
coastal plain (pH 3.5–6.0) and four sites in the Florida Ever-
glades along a well-studied (3) nutrient enrichment gradient (pH
6.5–7.4, soil P concentrations ranging from 1,800 mg.kg�1 to 350
mg.kg�1). At each of the NC coastal plain wetland complexes we
sampled soils from the following three land uses: (i) a wetland
that had been converted to row crop agriculture; (ii) a restored
wetland where ditches had been filled, tree seedlings had been
planted, and natural vegetative recolonization had occurred; and
(iii) a reference wetland representing conditions of the undis-
turbed ecosystem. We compared changes in the relative abun-
dance of bacterial phylogenetic groups to soil chemistry (pH, %
carbon, % nitrogen, and % phosphorus) and land-use categories.

Results and Discussion
The taxonomic composition of soil bacterial assemblages varied
greatly between soils of NC coastal plain wetlands and the
Florida Everglades, but much less within these two regions (Fig.
2). The bacterial groups present were similar among soils from
pocosin bogs, and riverine and nonriverine swamp forests in the
NC coastal plain, although the relative abundance of the groups
present varied markedly. The composition abundance of dom-
inant bacterial groups was unexpectedly uniform among soils
collected along the Everglades nutrient-enrichment gradient, a
result contrasting with observed shifts in the diversity of metha-
nogenic Archaea along this gradient (7).

Bacterial communities in soils from NC coastal plain wetlands
included diverse assemblages of bacterial phylogenetic groups
(see Fig. 2), dominated by the Acidobacteria (mean 38.1% of

Author contributions: C.J.R., R.V., and W.H.H. designed research; W.H.H. and G.L.B. per-
formed research; R.V. contributed new reagents/analytic tools; W.H.H. and G.L.B. analyzed
data; and W.H.H. and C.J.R. wrote the paper.

The authors declare no conflict of interest.

Data deposition: The sequences reported in this paper have been deposited in the Genbank
database (accession nos. EF443271–EF444484).

1To whom correspondence should be addressed. E-mail: whh3@duke.edu.

This article contains supporting information online at www.pnas.org/cgi/content/full/
0808254105/DCSupplemental.

© 2008 by The National Academy of Sciences of the USA

17842–17847 � PNAS � November 18, 2008 � vol. 105 � no. 46 www.pnas.org�cgi�doi�10.1073�pnas.0808254105

http://www.pnas.org/cgi/data/0808254105/DCSupplemental/Supplemental_PDF#nameddest=ST1
http://www.pnas.org/cgi/content/full/0808254105/DCSupplemental
http://www.pnas.org/cgi/content/full/0808254105/DCSupplemental


clones), �- proteobacteria (17.4%), and Actinobacteria (9.7%).
Other bacterial groups present included the Cytophaga-
Flavobacterium-Bacteriodies (CFB) groups and the �-, �-, and �-
divisions of the phylum Proteobacteria. These bacterial taxa
together accounted for an average of 86.6% of the bacterial
clones we obtained from soils of the North Carolina pocosin
bogs, and riverine and nonriverine swamps.

Bacterial communities in soils along the Everglades nutrient-
enrichment transect (see Fig. 2) were dominated by green
nonsulfur bacteria (GNSB, mean 38.1% of clones), �- proteobac-
teria (14.6%), and �- proteobacteria (12.2%). Other bacterial
groups present included �- and �- proteobacteria, Nitrospira, CFB
groups, Acidobacteria, Spirochaetes, and an unknown bacterial
clade. These bacterial groups accounted for 89.1% of the clones
we obtained from soils along the Everglades nutrient-
enrichment gradient.

Most of the bacterial groups present in our freshwater wet-
lands are widely distributed in surveys of uncultured microbial
communities across terrestrial and aquatic ecosystems, although
the composition of these groups varies across ecosystems (Table
S2). The abundances of bacterial groups in our Everglades sites
diverged the most from other ecosystems. Bacterial assemblages
in the pocosin bogs we sampled were similar to those found in

a Sphagnum bog (4). We used Mantel’s tests to determine the
independent influences of soil pH, land use, and nutrient
concentrations on the distribution, abundance and diversity of
bacterial taxonomic groups across several freshwater wetland
types.

Bacterial community composition and diversity responded
most strongly to soil pH across all of our wetland sites. Bacterial
communities were highly correlated with soil pH (r � 0.853),
even after accounting for the effects of wetland type, land use
and restoration, and all other soil chemical variables using
pure-partial Mantel’s tests (r � 0.747) (Fig. 3). Soil pH also
predicted diversity of bacterial phyla and ‘‘species’’ (97% se-
quence similarity operational taxomic units or OTUs) across all
of our sites (Fig. 4 A and B). Effects of environmental pH on
bacterial community composition and diversity have been re-
cently noted in aquatic (19) and terrestrial ecosystems (20),
respectively, although our present work is unique in linking pH
with sequence-based changes in bacterial communities. We do
not suspect shifts in bacterial communities with pH are meth-
odological artifacts, as soil DNA-extraction efficiency does not
vary with pH (21). Fittingly, we observed a strong increase in the
abundance of Acidobacteria with lower pH (Fig. 4C), a relation-
ship also found across terrestrial soils (22). The abundances of
the Actinobacteria and �-proteobacteria had curvilinear relation-
ships with soil pH (Fig. 4D), suggesting pH optima for these taxa.

Land use also significantly influenced bacterial community
composition across wetland types. Bacterial assemblages clearly
differed between wetland soils from the NC coastal plain and the
Florida Everglades, and among coastal plain wetlands based on
land use (Fig. 5). Land use predicted bacterial community
composition across all of our wetland sites, even after accounting
for wetland type and soil chemistry using pure-partial Mantel’s
tests (see Fig. 3 A). Land-use change in upland systems has been
shown to influence microbial community composition across
disturbance gradients, ranging from agricultural fields to fallow
grasslands to undisturbed grasslands (12, 13), and among dif-
ferent cultivation practices in agricultural fields (23).

Fig. 1. Phylogenetic tree of 16S rDNA sequences obtained from freshwater
wetland soils derived by parsimony analysis. Percent of total composition of
major clades is given from 95 sequences at each of 13 sites. Minor clades are
numbered: (1) Nitrospira, 2.6%; (2) unknown, 4.0%; (3) Spirochaetes, 1.3%; (4)
Prosectobacter, 2.8%; (5) Planctomycetes, 1.0%. Not shown are Gemmanti-
monas, 0.7% and Cyanobacteria, 0.7%. Clade sizes are not directly propor-
tionate to percent composition because of uneven inclusion of known guide
sequences.

Fig. 2. Taxonomic composition of bacterial communities across different
freshwater wetland ecosystem types and land uses. Taxonomic composition
was determined by a phylogenetic tree of 95 clones of bacterial 16S rDNA from
each site (Fig. 1). Site abbreviations are color coded by land use: nutrient
enriched Everglades sites are brown, agricultural wetlands are red, restored
wetlands are blue, and reference wetlands are green. Site abbreviations are
described in detail in Materials and Methods.
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To determine the effects of wetland restoration on bacterial
assemblages, we separately analyzed bacteria only in NC coastal
plain soils, where restored sites could be compared with agri-
cultural and reference wetlands within the same wetland type.
Bacterial community composition was strongly related to wet-
land restoration category (r � 0.713), even after accounting for
wetland type and soil chemistry using pure-partial Mantel’s tests
(r � 0.593) (see Fig. 3B). Bacterial diversity at both species and
phyla levels was negatively correlated with wetland restoration,
with significant differences among restoration categories at all
NC coastal plain sites in Shannon’s index (H’)-based OTU
accumulation (P � 0.006) and phylogenetic tree categories (P �
0.001) (data in Table S3). Wetland restoration also strongly
influenced the normalized ratio of Proteobacteia to Acidobacte-
ria (Fig. 6A), which is believed to reflect soil trophic status (24),
and resulted in decreased abundance of the �-proteobacteria
relative to agricultural soils (Fig. 6B).

Bacterial diversity of restored wetlands was intermediate
between higher diversity agricultural soils and lower diversity
reference wetlands at all of our NC coastal plains sites (Fig. 7),
a result opposite of that found in restoration of terrestrial
ecosystems, where reference soils have the most diverse bacterial
communities (15, 16). However, our soils were restored from

agricultural fields rather than spoils (16), and unlike more
neutral soils (15), were likely limed as well as fertilized. Liming
has also been shown to affect microbial communities in acidic
grassland soils, although by decreasing rather than increasing
diversity (14). Wetland restoration generally represents a return
to less fertile soil conditions, characterized by partial recovery of
acidity and anoxia in soils following the cessation of liming and
fertilization, and increased flooding (25), which may limit the
diversity of bacteria by increasing metabolic stresses. Suitably,
the lower bacterial diversity in our reference wetland soils
appears to be related to increased dominance of the Acidobac-
teria in less-disturbed wetlands (see Figs. 2 and 5).

We found some correspondences between soil nutrient con-
centrations and bacterial communities of wetland soils. Soil
nitrogen and phosphorus concentrations were correlated with
bacterial community composition across all wetland types (see
Fig. 3 A). However, soil nutrient concentrations did not predict
bacterial community composition in wetland soils of the NC
coastal plain (see Fig. 3B), and there was little difference in
bacterial community composition along the Florida Everglades
nutrient-enrichment transect (see Figs. 2 and 5).

Weaker relationships between nutrients and bacterial com-
munities we observed at local scales may suggest regional scale
relationships are the result of high nutrient concentrations and
distinct bacterial communities in Everglades soils (see Fig. 5).
Although microbial communities reflect trophic status in aquatic
ecosystems (17, 18), we expect the response of microbial com-
munities in wetland soils to be less pronounced as a result of the
predominance of soil-bound nutrients in wetlands (3), as micro-
bial communities often do not correspond to soil nutrient status
in terrestrial soils (12, 24). Stronger relationships between
bacterial communities and nutrients in wetlands may also result
from analysis of available nutrient pools instead of total nutrient
concentrations in future studies.

Our findings demonstrate responses of bacterial communities
to environmental and anthropogenic gradients in wetland soils,
and we emphasize a comparative approach with terrestrial and
aquatic ecosystems. Our approach linking biogeography to eco-
system change is complimentary with studies that seek to
determine bacterial functional groups (26). Although specific
bacterial groups have been linked to biogeochemical cycles in
wetlands [e.g. (7–9)], structure-function relationships vary in
degree and kind with biogeochemical process, and element
cycling may be affected by previously unknown organisms (27).
We emphasize that understanding controls over the distribution
and abundance of uncultured bacterial communities is a re-
quired first step in determining structure-function relationships
that compliment attempts to delineate functional guilds (28).
Our approach also addresses the lack of prior knowledge of the
composition and controls over uncultured bacterial communities
in freshwater wetlands, and the impact of environmental change
on these ecosystems, which may alter both bacterial community
structure and function.

Our results reveal shifts in the composition of whole bacterial
communities, and the abundance of specific taxonomic groups
with environmental gradients that may reflect changes in bio-
geochemical cycling. Soil pH broadly altered the composition
and diversity of our wetland soils and affected specific taxa,
including the Acidobacteria, Actinobacteria, and �-proteobacteria.
Soil pH also alters bacterial growth and biogeochemical process
rates in mixed peat-bog cultures (8) and controls degradation of
lignocellulose in wetlands (29). The effect of pH on decompo-
sition might be mediated by shifts in bacterial composition with
pH, as the acidophillic Acidobacteria are oligotrophs character-
ized by slow growth rates and metabolism of more refractory
carbon substrates characteristic of peat soils (22). Analogously,
we observed a greater abundance of the �-proteobacteria in
agricultural soils (see Fig. 6B), and shifts in their abundance

Fig. 3. Mantel path analysis linking taxonomic composition of microbial
communities to soil chemistry, land use, and wetland type. (A) All wetland
types surveyed, land use categories are: Everglades water conservation area
(WCA), agriculture, restored, and reference. (B) North Carolina coastal plain
wetlands were analyzed separately to determine effects of wetland restora-
tion. Solid lines are partial Mantel correlation coefficients, while dashed lines
are pure-partial Mantel correlation coefficients, conditional on all other
variables. Where Mantel correlations are significant, line width is proportional
to the correlation coefficient, and P values are in parentheses.
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along restoration gradients (see Fig. 5), suggesting an important
response to land-use change. The �-proteobacteria increase in
abundance with eutrophication in aquatic ecosystems (18), and
are capable of ammonium oxidation (9, 27), denitrification, and
polyphosphate accumulation (27), indicating an important role

of this group in nutrient cycling in eutrophic ecosystems.
Changes in the abundance of bacterial groups may be readily
indexed, as we found wetland restoration altered the normalized
ratio of Proteobacteria to Acidobacteria (see Fig. 6A), which has
been suggested as a broad indicator of trophic status across a
range of terrestrial soils (24).

We discovered that the composition, relative abundance, and
diversity of bacterial groups in wetland soils were determined by
soil pH, land use, and restoration. While relationships between
soil pH and bacterial communities were consistent with those in
aquatic (19) and terrestrial ecosystems (20), wetland restoration
resulted in decreased bacterial diversity, a finding opposite of
results obtained in terrestrial soils (15, 16). Relationships be-
tween nutrient concentrations and wetland bacterial communi-
ties were less robust than those in aquatic systems, but not unlike

Fig. 4. Soil pH controls bacterial diversity and the relative abundances of select bacterial taxa. Soil pH influences bacterial diversity as assessed by Shannon’s
index (H’) of (A) phylogenetic groups derived from Fig. 1, and (B) species level OTUs, assessed at 97% similarity and derived from Fig. 4. Soil pH also determines
the abundance of some bacterial taxa, including (C) Acidobacteria, and (D) Actinobacteria, and �-proteobacteria.

Fig. 5. Bacterial community ordination by land use, based upon the relative
abundance of bacterial taxonomic groups, by principal components analysis.
Axis 1 explains 52.6% of variance, while Axis 2 describes an additional 19.2%
of variance among samples. Factor loadings are shown with blue vectors for
taxonomic groups with �20% loading. Bacterial group abbreviations (clock-
wise from top) are Acid: Acidobacteria; �-pr: �-proteobacteria; GNSB: Green
Non Sulfur Bacteria; Nitr: Nitrospira; Spir: Spirochaetes; �-pr: �-proteobacte-
ria; CFB: Cytophaga-Flavobacterium-Bacteriodies; Pros: Prosectobacter; �-pr:
�-proteobacteria; Acti: Actinobacteria. Site abbreviations are described in
detail in Materials and Methods.

Fig. 6. Abundance of bacterial taxonomic groups varies with land use across
wetland soils. Italicized letters indicate statistical differences determined by
Tukey’s multiple comparisons. (A) Land use altered the normalized ratio of all
Proteobacteria to Acidbacteria with land use (P � 0.001). (B) the abundance of
�-proteobacteria was greater in agricultural wetlands than in other land uses
(P � 0.001). Statistical grouping of sites was the same for the normalized ratio
of �-proteobacteria to Acidobacteria as for the ratio of all Proteobacteria to
Acidbacteria (P � 0.001, data in Table S3).
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results in terrestrial systems. Further cross-system comparisons
of bacterial communities and environmental gradients may
reveal emergent properties across ecosystems, like those linking
terrestrial and aquatic biogeochemistry (30). Our findings may
also have more immediate implications, as we demonstrate
bacterial indicators that may be applied to wetland restoration
and management, like those suggested for terrestrial (31) and
aquatic ecosystems (32).

Materials and Methods
Site Descriptions. Soil samples were collected in the fall of 2003 from a range
of wetland sites along gradients of differing land use history in the North
Carolina coastal plain, and along a eutrophication gradient in the Florida
Everglades. We sampled three NC coastal plain locations that each had agri-
cultural wetlands, restored wetlands, and reference wetlands in close prox-
imity: Barra Farms, Long Swamp, and Parker Farms.

The Barra Farms site (BF) is part of a 975-ha Carolina bay complex located
in Cumberland County, North Carolina (25). Soils at the site have been classi-
fied as Croatan mucks (Terric Haplosaprists). Past alterations to the site in-
cluded clearing and ditching in the 1960s for conversion to agriculture, and
intensive farming during the 1970s and 80s. In the fall of 1997, 250 ha of the
site were restored to wetland by filling ditches and planting woody seedlings.
Samples were obtained from existing agricultural soils (BFA), from the 6-year-
old restored area (BFS), and from a reference site in a nonriverine swamp
forest section of the site that was never converted to agriculture (BFF).

Long Swamp (LS) is a 10-ha site located in Hoke County, North Carolina. The
soils at the site have been classified as Johnston loams (Cumulic Humaquepts)
and Rains loamy sands (Typic Paleaquults). The site is located in a flat, forested
headwater area of LS stream. Past alterations of the site include clearing and
ditching for conversion to agriculture, as well as timber harvesting. The site
was restored in 1998 by filling in ditches and planting woody seedlings. Soils
were collected in restored areas that had been impacted by agriculture (LSA)
and a 5-year-old forest clearing (LSC), as well as from a reference forested
section of the site that had not been previously cleared (LSF).

Parker Farms (PF) is a 160-ha site located in Beaufort County, North Carolina
(30). The soils at the site have been classified as Wasda mucks (Histic Humaque-
pts) and Ponzer mucks (Terric Haplosaprists). This site was originally a nonri-
verine swamp forest that was cleared, ditched, and converted to agriculture.
In 1995 the site was restored by filling ditches and planting with woody
seedlings. Samples were collected from a nearby agricultural field with Terric
Haplosaprist soils that had just been incorporated into the Pocosin Lakes
National Wildlife Refuge (PFA), as well as from the 8-year-old restored area of
Parker Farms (PFS), and a reference wetland on the Parker Farms tract that had
never been cleared (PFF) (33).

The Florida Everglades is part of an ongoing study along a 40-year nutrient-
enrichment gradient in the northern part of the subtropical Everglades (26°
15� N, 80° 23� W). Surface-water and soil P has been shown to be elevated
above natural, background concentrations up to 7 km into the interior of
WCA-2A (34, 35). Soils were collected at 1, 3, and 6 km from the D water control
structure in WCA-2A, along a well-studied nutrient-enrichment gradient that
declines in intensity moving away from the water control structure. Plant
communities were dominated by Typha domingensis at 1 and 3 km along the
gradient (D1T and D3T, respectively), while at 6 km, samples were collected
from areas dominated by Cladium jamaicense (D6C) and from open sloughs
colonized by Eleocharis elongata (D6E).

Soil Collection and Analyses. At each sampling location, the top 10 cm of soil
was collected from three points within a 5-m radius. Soils were sieved wet and
replicate samples were pooled and homogenized. Soil organic matter was
determined by loss on ignition, total N was determined by carbon, hydrogen,
nitrogen (CHN) analysis, total P was determined by Murphy Riley following a
perchloric acid digest (36), and pH was determined in 1:1 soil:water slurries.

Bacterial 16S rDNA Sequencing and Analysis. Soil DNA was extracted using an
Ultra Clean MoBio soil DNA extraction kit (MoBio Labs). Extracted DNA was
amplified using bacterial specific 16S rDNA primers BSF 343/15 (TACGGRAG-
GCAG) and BSR 926/20 (CCGTCAATTYTTTRAGTT), which amplify a ca. 560-bp
fragment (37). DNA was amplified by PCR with an initial denaturation step of
94 °C for 3 min, followed by 25 cycles of 94 °C for 1 min, 50 °C for 30 s, and 72 °C
for 2 min, and a final annealing step at 72 °C for 7 min. Ninety-five clones were
obtained from each soil sample by cloning amplified DNA using a TOPO TA
cloning kit (Invitrogen Corp.). Individual clone colonies were amplified by PCR
using dentaturation at 94 °C for 10 min, followed by 35 cycles of 94 °C for 1
min, 55 °C for 1 min, and 72 °C for 1 min, with a final annealing step at 72 °C
for 10 min. Clone PCR products were purified using a Qiagen PCR purification
kit (Qiagen, Inc.). Amplified clone DNA was sequenced using ABI BigDye
(Applied Biosystems, Inc.) on an ABI 3700 capillary DNA sequencer. Sequences
were deposited in GenBank under accession numbers EF443271–EF444484.

Microbial DNA sequences identified were compared to NCBI Blast (38) and
RDP sequence classifier databases (39) for identification, with only close
matches (� 98%) accepted for identification. Only about 15% of sequences
were identified with database matches. Poorly matching sequences (� 65%
identity) were screened for chimeric recombination using RDP Chimera
Checker (35). OTUs at 97% sequence similarity (40) were obtained for each
using Sequencher (Gene Codes, Inc.). Phylogenetic identities of unknown
sequences were determined by creating a phylogenetic tree of sequences in
our clone library (Fig. 1) using parsimony analysis in PAUP (Sinauer Assoc., Inc.).
Maximum likelihood analyses were not used because of our large clone library
(� 1,300 sequences). Phylogenetic identities of unidentified sequences were
assigned at phyla or class levels by comparing clade positions to sequences
identified by BLAST and RDP, and known sequences from a database of 218
16S sequences representing major bacterial groups obtained from RDP (39).

Data Analysis. Microbial diversity was calculated from both OTU data and
phylogenetic data by obtaining Shannon’s index (H’) using EstimateS (41).
Microbial diversity (H’) was compared to soil C, N, P, and pH using simple linear
regression in S-PLUS (Version 6.2, Insightful Software, Inc.). Phylogenetic data
on microbial community composition at each site was compared to soil
chemical parameters (C, N, P, and pH) using partial and pure-partial Mantels’
tests (42–44) of Euclidean distance matrices. The Mantel test procedure was
carried out in S-PLUS using code developed by S. Goslee (45). The significance
of the Mantel correlation was assessed by permutation, as the elements of
these matrices are not independent (46). Significance of the coefficients was
estimated by bootstrapping with 1,000 random permutations. Mantel corre-
lation coefficients do not behave like product-moment correlation coeffi-
cients, and do not have to be large in absolute value to be statistically
significant (47). Path diagrams (48) were created as a visual framework for
examining the correlations among bacterial community composition, land
use, and soil chemistry. Ordination of bacterial communities was performed
using principal components analysis (PCA) of the relative abundance of dif-
ferent taxonomic groups compared to our soils data using PC ORD 5 (MjM
software design). We also used UNIFRAC (49) to compare bacterial com-
munities among sites and land-use treatments, and results from UNIFRAC
ordination were nearly identical to those obtained by PCA. We decided to

Fig. 7. Soil bacterial diversity shifts with land use and restoration across NC wetland types. Collector’s curves present the number of unique bacterial species
(defined at 97%) obtained from a given site, called OTUs. Restoration land use categories are agriculture (red), restored (blue), and reference wetlands (green).
Wetland types are (A) pocosin bogs, (B) riverine swamp forests, and (C) nonriverine swamp forests. Site abbreviations are described in detail in Materials and
Methods.
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use results from PCA ordination based upon the relative abundance of
taxonomic groups rather than sequence-based distance from UNIFRAC
because 16S rRNA sequence phylogeny does not accurately represent
bacterial taxonomy, but rather is useful as a taxonomic marker to be
compared to known sequence phylogeny, as in our approach using relative
abundance of taxonomic groups determined by phylogenetic relationships
to a guide tree of known organisms.
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